Replication fork stalling at a DNA lesion generates a damage signal that activates the Rad53 kinase, which plays a vital role in survival by stabilizing stalled replication forks. However, evidence that Rad53 directly modulates the activity of replication forks has been lacking, and the nature of fork stabilization has remained unclear. Recently, cells lacking the Psy2-Pph3 phosphatase were shown to be defective in dephosphorylation of Rad53 as well as replication fork restart after DNA damage, suggesting a mechanistic link between Rad53 deactivation and fork restart. To test this possibility we examined the progression of replication forks in methyl-methanesulfonate (MMS)-damaged cells, under different conditions of Rad53 activity. Hyperactivity of Rad53 in pph3⌬ cells slows fork progression in MMS, whereas deactivation of Rad53, through expression of dominant-negative Rad53-KD, is sufficient to allow fork restart during recovery. Furthermore, combined deletion of PPH3 and PTC2, a second, unrelated Rad53 phosphatase, results in complete replication fork arrest and lethality in MMS, demonstrating that Rad53 deactivation is a key mechanism controlling fork restart. We propose a model for regulation of replication fork progression through damaged DNA involving a cycle of Rad53 activation and deactivation that coordinates replication restart with DNA repair.
S phase is a particularly vulnerable period for the genome as environmental agents that damage DNA and intrinsic replication defects can interfere with the replication process, potentially giving rise to mutations and genomic instabilities. The presence of DNA damage during chromosomal DNA replication results in a significantly reduced rate of DNA synthesis in organisms ranging from bacteria to humans. In Saccharomyces cerevisiae, the slowed S phase resulting from DNA alkylation by methyl-methanesulfonate (MMS) depends on checkpoint signaling by Mec1 and Rad53, indicating that slowing of DNA synthesis is a regulated process (Paulovich and Hartwell 1995; Paulovich et al. 1997) . Similar radioresistant DNA synthesis occurs in mammalian cells lacking the Mec1-related protein ATM (Painter and Young 1980) . The exquisite DNA damage sensitivity of checkpoint defective cells, and the increased cancer susceptibility of organisms with checkpoint defects, emphasizes the importance of these surveillance mechanisms (for review, see Kolodner et al. 2002) .
Generation of a DNA damage signal during S phase requires activation of replication forks Tercero et al. 2003) , suggesting that the encounter of replication forks with damaged sites creates aberrant DNA structure(s), such as excess ssDNA, which is recognized by checkpoint sensors (for review, see Paulsen and Cimprich 2007) . In S. cerevisiae, MMS-induced DNA damage leads to recruitment of Mec1 kinase and the PCNA-like Rad17-Ddc1-Mec3 complex to sites of damage, whereupon these proteins further engage Rad9, which mediates Mec1-dependent phosphorylation of the effector kinases Chk1 and Rad53 (for review, see Melo and Toczyski 2002) . Chk1 and Rad53 target downstream factors to delay mitotic progression, and Rad53 additionally targets factors to induce expression of DNA metabolism genes, stimulate deoxyribonucleotide triphosphate (dNTP) production, suppress the initiation of additional (late-firing) replication origins, and stabilize the function of replication forks.
Activation of Rad53 is critical for survival of yeast 1 cells subjected to DNA damage or replication stress (for review, see Branzei and Foiani 2006) . In the absence of Rad53 (or Mec1), MMS treatment does not slow S phase and DNA content approximately doubles; however, these cells are inviable (Paulovich and Hartwell 1995) . Analysis of an individual replicon reveals a significant degree of incomplete replication, suggesting that replication forks irreversibly collapse in MMS-treated rad53⌬ and mec1⌬ cells (Tercero and Diffley 2001) . Recovery of cells from inhibition of DNA synthesis with hydroxyurea (HU) also requires Rad53, as HU-stalled replication forks degenerate in rad53⌬ cells and these cells are unable to resume DNA synthesis after removal of the drug (Desany et al. 1998; Lopes et al. 2001; Sogo et al. 2002) . These studies have led to the paradigm that a critical function of Rad53 in the S-phase checkpoint pathways is the stabilization of stalled or stressed replication forks (Branzei and Foiani 2006) . The role of Rad53 in stabilization of stressed forks and the Rad53 dependence of S phase slowing in response to DNA damage implies that fork stabilization by Rad53 involves direct inhibition of the replication fork. However, careful analysis of DNA synthesis across a wellcharacterized chromosome VI replicon indicates that whereas replication forks progress slowly due to the presence of MMS, they nevertheless progress with similar slow kinetics in wild-type, mec1⌬, and rad53⌬ cells (Tercero and Diffley 2001) . These findings have suggested that Mec1 and Rad53 do not regulate fork progression as a consequence of replication fork stabilization, and further that replication initiation of normally dormant and late-firing origins must account for the accelerated S phase of rad53⌬ and mec1⌬ cells. Indeed, analysis of cells carrying the hypomorphic mec1-100 allele supports this idea (Paciotti et al. 2001; Tercero et al. 2003) . These cells fail to restrain late origin firing and do not slow replication in MMS; however, mec1-100 cells remain viable and show minimal evidence of fork dysfunction in MMS, suggesting that fork stabilization operates normally. Thus, defective fork stabilization correlates with drug sensitivity, whereas deregulation of origin firing correlates with the failure to slow S phase.
The conclusion that Rad53 does not directly modulate the rate of fork progression is challenged by the recent characterization of cells lacking the Psy2-Pph3 phosphatase, which acts to dephosphorylate, and hence deactivate, Rad53 during recovery from MMS exposure (O'Neill et al. 2007) . After transient exposure to MMS during early S phase, psy2⌬ and pph3⌬ cells are delayed in completing bulk DNA replication, and analysis of BrdU incorporation along the aforementioned chromosome VI replicon indicates that replication fork progression is delayed in the absence of Psy2-Pph3. The correlation between the delayed replication restart and delayed dephosphorylation of Rad53 suggests that deactivation of Rad53 is required for replication restart following DNA damage. The failure to dephosphorylate ␥H2a after DNA damage does not account for the replication restart defect of psy2⌬ or pph3⌬ cells (Keogh et al. 2006; O'Neill et al. 2007 ). Nevertheless, the possibility remains that the role of Psy2-Pph3 in replication fork restart reflects dephosphorylation of a different, still unrecognized, Psy2-Pph3 substrate.
In this study, we tested the hypothesis that Rad53 controls replication fork restart by monitoring the progression of replication forks in MMS-damaged cells, under different conditions of Rad53 activity. We show that replication forks progress more slowly in pph3⌬ cells in the presence of MMS, and in cells recovering from MMS damage. In contrast, antagonism of Rad53 activity in these pph3⌬ cells restores rapid DNA synthesis at forks during recovery, indicating that deactivation of Rad53 is sufficient to allow fork restart. We also reveal the involvement of Ptc2 in dephosphorylation of Rad53 in MMS-treated pph3⌬ cells, explaining how these cells eventually complete DNA synthesis and resume growth, and further supporting the connection between Rad53 deactivation and replication restart. These results provide important new insights into the mechanism of replication fork stabilization and restart as well as coordination with DNA repair.
Results

Pph3 is required for replication fork progression through damaged DNA
To examine the role of Rad53 in regulation of replication fork dynamics on a damaged DNA template, we analyzed replication fork activity in pph3⌬ cells, which lack the Rad53 phosphatase, Psy2-Pph3. Previous work showed that cells lacking PPH3 or PSY2 replicate normally in the absence of DNA damage, but are delayed in completing replication during recovery from MMS-induced DNA damage, suggesting a defect in replication fork restart (O'Neill et al. 2007) . To obtain a comprehensive view of replication fork dynamics, we monitored replication of two well-characterized expanded replicons on chromosomes III and VI (Labib et al. 2000; Tercero and Diffley 2001; Szyjka et al. 2005) , using improved methods for BrdU incorporation into S. cerevisiae (Viggiani and Aparicio 2006), immunoprecipitation of BrdUlabeled DNA (Katou et al. 2003; Szyjka et al. 2005) , and analysis with oligonucleotide-tiling microarrays, which together we refer to as BrdU-IP-chip (see the Materials and Methods).
We began by comparing replication of wild-type and pph3⌬ cells during constant exposure to MMS. G1-synchronized cells were released from ␣-factor arrest into rich medium containing 0.033% MMS; aliquots of this culture were exposed to BrdU for 15-min pulses and harvested for DNA isolation. BrdU incorporation occurs at the early origins ARS606 and ARS607 and at surrounding sequences during the 30-to 45-min pulse period, in both wild-type and pph3⌬ cells (Fig. 1A) . Little if any BrdU incorporation is detected at these origins subsequently. These results indicate that both strains initiate chromosomal DNA replication with similar dynamics, as demonstrated previously by analysis of replication initiation structures with two-dimensional (2D) gels (O'Neill et al.
2007
). Analysis of budding kinetics also supports the conclusion that pph3⌬ cells progress through the G1-S transition like wild-type cells (Fig. 1B) . Thus, replication initiation at early origins appears normal in the absence of PPH3.
The progression of replication forks away from ARS607 is impaired in the absence of PPH3. During the 45-to 60-min period, little BrdU incorporation is observed at ARS607. However, two flanking peaks of BrdU incorporation are observed, reflecting DNA synthesis at each replication fork emanating from ARS607 (Fig. 1A , the leftward-moving fork partially converges with the rightward-moving fork from ARS606). These patterns appear similar in wild-type and pph3⌬ cells; however, the rightward-moving ARS607 replication fork appears to progress ∼10 kb further from the origin in wild-type cells. The more distant progression of this replication fork in wild-type cells becomes more pronounced over the timecourse. By the 105-to 120-min interval, BrdU incorporation occurs over a large region of chromosome VI extend- Figure 1 . PPH3 is required for progression of replication forks during constant MMS exposure. Wild-type (SSy419) and pph3⌬ (SSy420) cells were blocked in G1 phase with ␣-factor and released synchronously into YEPD containing 0.033% MMS at 23°C (Time = 0). (A) Aliquots of each culture were incubated with BrdU for the indicated time intervals and harvested for BrdU-IP-chip analysis using an oligonucleotide-tiling array covering the indicated portion of chromosome VI. Probes representing statistically significant regions of BrdU incorporation were determined by a two-state Hidden Markov Model (Xu et al. 2006) and are highlighted in blue. Aliquots of each culture were harvested at the indicated times for determination of budding index (B) and DNA content (C).
ing ∼65 kb from ARS607 toward the telomere in wildtype cells, whereas BrdU incorporation in pph3⌬ cells extends only ∼35 kb from ARS607. Wild-type cells also complete replication of the region between ARS606 and ARS607 by ∼90 min, while BrdU incorporation in this region continues through 120 min in the pph3⌬ cells.
The chromosome VI results are supported by analysis of the expanded chromosome III replicon, demonstrating limited progression of the leftward-moving replication fork from ARS306 in pph3⌬ cells compared with wildtype cells (Supplemental Fig. S1 ). We used a data normalization method that allows us to make semiquantitative comparisons between hybridizations, and we note that pph3⌬ cells reproducibly incorporate less BrdU than wild-type cells during each pulse (especially later times) based on the total area of BrdU enrichment ( Fig. 1A ; Supplemental Fig. S1 ; see below). The chromosome III and VI data are also consistent with the kinetics of bulk DNA synthesis as determined by DNA content analysis, with a higher rate of bulk DNA synthesis occurring in wild-type versus pph3⌬ cells (Fig. 1C) . Together, these data clearly demonstrate limited progression of replication forks in MMS-treated pph3⌬ cells, confirming a role for Pph3 in the function of replication forks encountering damaged DNA (O'Neill et al. 2007 ).
Pph3 is required for restart of stalled replication forks during DNA damage recovery
Cells lacking PPH3 also are delayed in resumption of DNA synthesis following removal of MMS, suggesting that continued presence of DNA damage is not the cause of delayed replication restart. To examine replication fork restart kinetics during DNA damage recovery, we released G1-synchronized cells into rich medium containing MMS for 60 min to allow early origin initiation and fork stalling, after which the MMS was quenched and washed out. BrdU-IP-chip analysis shows replication forks flanking ARS607 during the 45-to 60-min BrdU pulse in MMS in both wild-type and pph3⌬ cells ( Fig.  2A) . Upon removal of MMS (Time = 0), replication forks progress rapidly in wild-type cells with the leading edge of BrdU incorporation progressing ∼40 kb in 45 min ( Fig.  2A) , which is significantly more rapid than its replication during constant MMS exposure (comparing total time after G1 release) (Fig. 1A) . In contrast, the leading edge of BrdU incorporation in pph3⌬ cells progresses ∼20 kb in 60 min ( Fig. 2A) .
Analysis of the expanded chromosome III replicon buttresses the chromosome VI results. The ARS306 replication fork exhibits limited progression during DNA damage recovery in pph3⌬ cells compared with wild type (Supplemental Fig. S2 ). Furthermore, bulk DNA synthesis during MMS recovery also is reduced significantly in pph3⌬ cells, consistent with the reduced progression and levels of BrdU incorporation in these cells (Fig. 2B; O'Neill et al. 2007 ). Together, these results strengthen and extend our previous conclusion that replication fork restart during DNA damage recovery requires PPH3
Restoration of Pph3 function during DNA damage recovery enables rapid replication restart
Deregulation of Rad53 activity in pph3⌬ cells by elimination of Pph3 function might disrupt the normal stabilization of forks, resulting in the observed defect in fork progression (Fig. 1A) . However, a number of findings argue that replication forks are stable in pph3⌬ cells, including relatively modest lethality in the presence of MMS and no evidence of the replication fork collapse observed in rad53⌬ cells by 2D gel analysis (O'Neill et al. 2007) . If forks indeed remain stable in pph3⌬ cells, we reasoned that restoration of PPH3 function during recovery should enable rapid resumption of DNA synthesis.
To test the idea that stalled replication forks in pph3⌬ cells remain stable and capable of rapid restart, we placed the endogenous PPH3 gene under control of the GAL promoter to enable its induction subsequent to replication fork stalling by MMS. G1-synchronized wild-type, pph3⌬, and GAL-PPH3 cells grown in raffinose (to repress GAL-PPH3) were released from arrest into raffinose medium containing MMS. After 90 min to allow initiation of early origins and stalling of replication forks, the cultures were split into fresh media lacking MMS and containing raffinose or galactose (to induce GAL-PPH3) (Fig. 3A) . In raffinose or galactose, wild-type cells resume rapid DNA replication and complete bulk DNA synthesis between 120 and 180 min after removal of MMS, whereas pph3⌬ cells do not complete DNA synthesis by 240 min (Fig. 3B,C) . In raffinose, GAL-PPH3 cells complete DNA synthesis with kinetics similar to pph3⌬ cells, demonstrating effective repression of PPH3 activity (Fig. 3B ). However, in galactose, GAL-PPH3 cells complete DNA synthesis by 180 min, only slightly behind wild-type cells and significantly sooner than pph3⌬ cells (Fig. 3C ). The ∼30-min delay in replication restart of GAL-PPH3 cells compared with wild-type (Fig. 3C , cf. wild-type 90 min and GAL-PPH3 120 min) correlates with the time required to induce expression of PPH3 from the GAL promoter (data not shown). The rapid restart of replication upon restoration of PPH3 function is consistent with the conclusion that stalled replication forks in MMS-treated pph3⌬ cells are stable and poised for restart.
Deactivation of Rad53 is sufficient to restart stalled replication forks in pph3⌬ cells
The role of Pph3 in Rad53 deactivation by dephosphorylation implies that replication fork restart requires deactivation of Rad53. However, the role of Pph3 in replication restart may depend on dephosphorylation of other Pph3 substrates, either instead of, or in addition to Rad53. If Rad53 deactivation is the sole requirement for replication restart in pph3⌬ cells, then elimination of its activity during the DNA damage recovery period should enable fork restart. However, it is necessary to preserve Rad53 activity to stabilize forks encountering DNA damage during the initial period of MMS exposure. To exert this control over Rad53 activity, we used a domi-nant-negative, kinase-dead allele of RAD53 (rad53-K221A, D339A, herein referred to as rad53-KD), under control of the GAL promoter. Galactose-induced overexpression of Rad53-KD suppresses the kinase activity of previously DNA damage-activated, endogenous Rad53 (Pellicioli et al. 1999) . Our approach was to expose pph3⌬ cells to MMS to stall replication forks in the presence of wild-type, endogenous Rad53 and, following removal of MMS, to induce Rad53-KD to antagonize the activated, wild-type Rad53.
Antagonism of activated Rad53 by expression of Rad53-KD restores rapid replication kinetics during DNA damage recovery. Analysis of bulk DNA synthesis shows delayed completion of DNA replication after MMS damage in pph3⌬ cells harboring empty vector (Fig. 4A) . However, pph3⌬ cells harboring pGAL-rad53-KD completed DNA replication between 120 and 150 min after removal of MMS and addition of galactose. These replication kinetics are similar to those of wildtype cells recovering from MMS treatment (Fig. 4A, cf.  Fig. 3B ). We confirmed that endogenous Rad53 kinase activity is suppressed by overexpression of rad53-KD by in situ Rad53 kinase assay (Fig. 4B) . Thus, artificial deactivation of Rad53 can replace Pph3 function in replication restart during DNA damage recovery, indicating that deactivation of Rad53 is the critical function of Pph3 in replication restart during DNA damage recovery. These results strongly suggest that Rad53 deactivation regulates replication restart.
To examine the effect of Rad53-KD expression specifically on replication fork restart, we used BrdU-IP-chip. In pph3⌬ cells harboring empty vector, very limited replication fork progression occurs during 2 h of recovery from MMS treatment (Fig. 4C) . In contrast, pph3⌬ cells expressing Rad53-KD exhibit accelerated replication fork progression. Rightward-moving replication forks reach the telomere during the 60-to 90-min pulse covering ∼30 kb during the 60-to 90-min pulse. Termination of the converging ARS606 and ARS607 replication forks occurs before the 60-to 90-min interval, as minimal BrdU incorporation occurs in this region in cells expressing Rad53-KD. Analysis of chromosome III-L replication also shows accelerated replication fork restart resulting from Rad53-KD expression during DNA damage recovery in pph3⌬ cells (Supplemental Fig. S3 ). These strains contain ARS305, and therefore the rightward ARS305 fork converges with the leftward ARS306 fork and replication termination occurs in the middle of this region between ARS305 and ARS306. While BrdU incorporation in the termination region continues through the 90-to 120-min period in pph3⌬ cells harboring only vector, BrdU incorporation in this region ceases before the 60-to 90-min interval in pph3⌬ cells expressing Rad53-KD. Taken together, the replication fork kinetics of chromosome III and VI replicons, as well as the kinetics of bulk DNA replication, support the conclusion that deactivation of Rad53 regulates replication fork restart.
Overlapping functions of Pph3 and Ptc2 in Rad53 deactivation and replication restart
Our results strongly suggest that restart of DNA damagestalled replication forks requires Rad53 deactivation by Pph3. Nevertheless, pph3⌬ cells eventually appear to complete chromosome replication during recovery from MMS based on bulk DNA content analysis (O'Neill et al. 2007 ; see below). We determined the viability of pph3⌬ cells recovering from transient exposure to MMS, analogous to the earlier MMS recovery experiments. G1-synchronized cells were released into S phase in the presence of MMS and plated on rich medium lacking MMS to determine viability (Fig. 5A ). Even after 3 h of MMS exposure, pph3⌬ cells show minimal loss of viability when permitted to recover, although the colonies appear somewhat smaller after longer exposure to MMS. These data indicate that pph3⌬ cells eventually complete chromosomal replication and resume proliferation and suggest that an alternative means exists for deactivation of Rad53.
The Ptc2 and Ptc3 phosphatases have been implicated in the dephosphorylation of Rad53 during prolonged recovery from a reparable dsDNA break or adaptation to an irreparable dsDNA break (Leroy et al. 2003 ). Hence, we tested the effect of deleting PTC2 (the major activity in dsDNA break recovery) on the viability of wild-type and pph3⌬ cells subjected to transient MMS exposure (Fig.  5A) . The ptc2⌬ cells show no sensitivity to transient MMS exposure; however, ptc2⌬ pph3⌬ cells show sensitivity to acute MMS exposure, with >10-fold loss of viability per hour of MMS exposure. Given the previously characterized role of Ptc2 in Rad53 dephosphorylation after dsDNA breaks and the present data, we conclude that Pph3 and Ptc2 play overlapping roles in maintaining viability during recovery from MMS-induced DNA damage through deactivation of Rad53.
To confirm that the lethality caused by PTC2 deletion reflects its function as a Rad53 phosphatase, we analyzed Rad53 phosphorylation by immunoblotting. Wild-type, pph3⌬, ptc2⌬, and ptc2⌬ pph3⌬ cells were synchronized in G1 phase with ␣-factor, released into S phase in the presence of MMS for 1 h to allow replication initiation and Rad53 activation, and then allowed to recover from MMS. All strains show hyperphosphorylated Rad53 after MMS treatment (Fig. 5B) . Upon removal of MMS, wildtype cells show a decreasing proportion of hyperphos- 
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Cold Spring Harbor Laboratory Press on November 3, 2017 -Published by genesdev.cshlp.org Downloaded from phorylated form(s) of Rad53, with the band corresponding to unphosphorylated Rad53 predominating by 2 h. A similar kinetic of Rad53 dephosphorylation occurs in ptc2⌬ cells, though there appears to be a slight delay (∼30 min) based on analysis of multiple experiments ( Fig. 5B ; data not shown). This result suggests that Ptc2 plays a minor role in Rad53 dephosphorylation during MMS recovery. As shown previously, pph3⌬ cells are delayed in Rad53 dephosphorylation, with the hyperphosphorylated form(s) predominating for at least 2 h and remaining abundant for at least 4 h. Consistent with Pph3 and Ptc2 playing overlapping roles, Rad53 dephosphorylation is further delayed in cells lacking both PPH3 and PTC2, with the hyperphosphorylated forms predominating after 6 h of recovery (Fig. 5B) . Notably, reduction in the proportion of the slowest-migrating forms of Rad53 (as opposed to complete dephosphorylation) appears to correlate with replication restart in each of these strains (see below). These results show that a severe defect in Rad53 dephosphorylation accompanies the lethality of ptc2⌬ pph3⌬ cells after MMS treatment.
The severe defect in Rad53 dephosphorylation and le- thality of DNA-damaged cells deficient in both Pph3 and Ptc2 further supports the conclusion that Rad53 deactivation is required for DNA damage recovery, in particular, the restart of stalled replication forks. This notion predicts that the replication fork restart defect should be exacerbated in ptc2⌬ pph3⌬ cells. We examined total (SSy187), pph3⌬ (SSy188), ptc2⌬ (SSy248), and ptc2⌬ pph3⌬ (SSy249) cells were arrested in G1 phase with ␣-factor at 30°C and released into YEPD containing 0.033% MMS at 30°C (Time = 0). At the indicated times, cells were 10-fold serially diluted and plated onto YEPD. Plates were incubated 2 d at 30°C and imaged. (B,C) Strains in A were arrested in G1 phase with ␣-factor at 30°C and released into YEPD containing 0.033% MMS for 45 min (MMS). MMS was washed out, and cells were suspended in YEPD at 30°C (Time = 0). Cells were harvested at the indicated time points for immunoblot analysis with anti-Rad53 antibody (B) and DNA content analysis (C). (D,E) ptc2⌬ pph3⌬ cells harboring plasmid pGal (SSy526) or pGal-rad53-KD (SSy527) were arrested in G1 phase with ␣-factor at 25°C in YEP-Raffinose and released into YEP-Raffinose containing 0.033% MMS and BrdU for 90 min at 23°C (MMS). MMS was quenched and washed out and cells were suspended in YEP-Raffinose + 0.5% galactose containing BrdU (Time = 0). Cells were harvested at the indicated times and analyzed for BrdU incorporation (D) and DNA content (E).
Rad53 regulates replication fork restart GENES & DEVELOPMENT 1913
Cold Spring Harbor Laboratory Press on November 3, 2017 -Published by genesdev.cshlp.org Downloaded from DNA content in wild-type, pph3⌬, ptc2⌬, and ptc2⌬ pph3⌬ cells during recovery from MMS (Fig. 5C ). Wildtype, ptc2⌬, and pph3⌬ cells complete replication after ∼1.5, 2, and 3 h of recovery, respectively. Strikingly, ptc2⌬ pph3⌬ cells do not appear to complete replication in this time course, showing limited increase of DNA content during 6 h of recovery (Fig. 5C) . Consistent with this, fork progression completely stalls in ptc2⌬ pph3⌬ cells based on BrdU-IP-chip analysis (Fig. 5D) . In fact, we were unable to measure BrdU incorporation in ptc2⌬ pph3⌬ cells during MMS recovery using the pulse-labeling approach, likely because these cells synthesize very little DNA during recovery (Fig. 5C ). Thus, we used a cumulative labeling approach with BrdU present throughout the time course, including S-phase entry in the presence of MMS and during recovery from the MMS (Fig. 5D) . In ptc2⌬ pph3⌬ cells exposed to MMS, BrdU incorporation ceases ∼15-20 kb from ARS607, and very little further incorporation is observed during 2 h of recovery. Restoration of Pph3 activity in these cells by induction of GAL-PPH3 during recovery permits resumption of DNA synthesis from the stalled forks ( Fig.  5D ) and completion of bulk DNA synthesis (Fig. 5E) . Analysis of the chromosome III replicon shows similar results (Supplemental Fig. S4 ). The failure of ptc2⌬ pph3⌬ cells to restart replication provides a compelling cause for the lethality of these cells after exposure to MMS. Furthermore, the synergistic effect of loss of two different Rad53 phosphatases on replication fork restart directly supports the notion that Rad53 deactivation is a key step in this process.
To verify that failure of Rad53 deactivation causes the failed replication restart and lethality of ptc2⌬ pph3⌬ cells, we induced expression of Rad53-KD in wild-type, pph3⌬, ptc2⌬, and ptc2⌬ pph3⌬ cells beginning recovery from MMS-induced DNA damage (Fig. 6A) . Expression of Rad53-KD has little effect on kinetics of DNA replication during recovery of wild-type and ptc2⌬ cells. As shown above (Fig. 4A) , expression of Rad53-KD largely eliminates the delay in replication restart of pph3⌬ cells (Fig. 6A) . Consistent with a direct link between defective Rad53 dephosphorylation and replication restart, expression of Rad53-KD enables replication restart in ptc2⌬ pph3⌬ cells, with these cells largely completing replication by 4 h. The longer time (compared with pph3⌬ cells) required for replication restart in ptc2⌬ pph3⌬ cells probably reflects the lack of Ptc2 activity contributing to Rad53 deactivation by Rad53-KD. Indeed, we confirmed that overexpression of Rad53-KD suppressed the endogenous Rad53-associated kinase activity in ptc2⌬ pph3⌬ cells (Fig. 6B) ; however, the rate of Rad53 deactivation was lower than in pph3⌬ cells (Fig. 4B) , consistent with Ptc2 contributing to Rad53 deactivation by Rad53-KD. Finally, expression of Rad53-KD partially rescues the viability of MMS-treated ptc2⌬ pph3⌬ cells (Fig. 6C) , which is fully consistent with the conclusion that Rad53 deactivation is necessary and sufficient to restart replication forks stalled by DNA damage, and thereby avert lethality.
Discussion
Activated Rad53 regulates replication fork restart
Rad53 plays a crucial role in the stabilization of replication forks encountering DNA damage. The mechanism of stabilization remains vague, but is thought to involve Rad53-dependent phosphorylation of replication proteins to maintain their association with the fork and thereby prevent fork collapse and formation of dsDNA breaks, which occurs in the absence of Rad53 (Branzei and Foiani 2006) . We exploited the defect of pph3⌬ cells in deactivating Rad53 to examine replication fork activity under constant Rad53 control. The slower replication fork progression in MMS-damaged pph3⌬ cells strongly suggests that activated Rad53 directly impedes fork restart or restart by phosphorylating replication factors. We further showed that deactivation of Rad53 is sufficient to allow replication fork restart in cells recovering from DNA damage. This finding links replication restart with dephosphorylation and deactivation of Rad53, which normally results from diminution of the checkpoint signal as DNA damage is repaired. By inhibiting replication fork restart as well as additional origin firing, Rad53 provides a better opportunity for repair of damaged DNA prior to arrival of a replication fork.
Our conclusion that Rad53 directly regulates fork activity contrasts with the conclusion of Tercero and Diffley (2001) , who observed similarly slow replication fork kinetics across the chromosome VI replicon in wild-type and rad53⌬ cells in the presence of MMS, leading them to conclude that while DNA damage slows replication fork progression, Rad53 does not regulate the rate of fork progression in response to DNA damage. Using BrdU-IPchip, we also find that fork rates are similar in wild-type and rad53⌬ cells (Supplemental Fig. S5 ). Based on our conclusion that deactivation of Rad53 is required for fork restart, a seemingly straightforward prediction is that rad53⌬ cells would exhibit more rapid fork progression in the presence of MMS than wild-type cells, which is not observed. However, elimination of Rad53 complicates the situation by the resulting failure to stabilize stalled forks. Thus, we suggest (in agreement with Tercero and Diffley 2001) that DNA damage intrinsically slows or stalls fork progression independently of Rad53, perhaps by provoking uncoupling of the fork from the damaged site and generating a DNA damage signal (see below). Subsequent fork stabilization by Rad53 ensures that stalled forks are channeled into an efficient, direct restart pathway, but only upon deactivation of Rad53. In the case of rad53⌬ cells, the initial failure to stabilize the correct fork structure may preclude rapid and direct restart by the preferred pathway(s) and rely instead on alternative restart mechanisms. Indeed, fork collapse stimulates repair by homologous recombination, which is normally suppressed by Rad53 (for review, see Lambert et al. 2007 ). Ultimately, although fork progression through the chromosome VI region occurs with approximately wild-type kinetics in MMS-treated rad53⌬ cells, unreplicated DNA remains, and these cells are inviable (Tercero and Diffley 2001) . In contrast, pph3⌬ cells maintain stable replication forks in the presence of DNA damage and remain viable ( Fig. 5A; O 'Neill et al. 2007) .
A model of Rad53 regulation of replication fork restart
Current models for replication of a damaged template invoke uncoupling of leading and lagging strand synthesis when leading strand synthesis is blocked by a lesion, while a block of the lagging strand is normally uncoupled as an Okazaki fragment and does not block fork progression (for review, see Heller and Marians 2006) . Uncoupling allows continued template unwinding and lagging strand DNA synthesis that enables replication restart beyond the blocking lesion through a repriming event on the leading strand template. As a result of uncoupling from the blocking lesions and downstream repriming of DNA synthesis, unreplicated gaps are left behind the fork, presumably generating a DNA damage signal. These gaps can be repaired by one of several postreplication repair (PRR) mechanisms, including recruitment of translesion polymerase(s), template switching, and homologous recombination (Ulrich 2005) . However, some restart mechanisms, such as fork regression by Rad5 and translesion synthesis (TLS), may act directly in fork restart without a repriming mechanism, which remains speculative in eukaryotes. How the repair pathway is chosen remains unclear, but likely depends on the nature of the lesion and whether Rad53 stabilizes the uncoupled fork.
Rad53 may limit progression of the uncoupled fork by inhibiting helicase activity or lagging strand synthesis to prevent the formation of long unreplicated gaps (Fig. 7) . By limiting the extent of lagging strand synthesis, Rad53 may facilitate Rad5-dependent fork regression as a restart mechanism, which may not act over very long distances in vivo; although Rad5 can regress fork-like structures ∼1 kb in vitro (Blastyak et al. 2007 ), its activity may be constrained to lesions near the fork in vivo. The Rad5 mechanism is error-free and bypasses the blocking lesion without producing gaps in the DNA. Hence, it is interesting that MMS does not appear to provoke the same level of gap formation, suggestive of fork uncoupling, as UV treatment (Sogo et al. 2002) , raising the possibility that Rad53 inhibits fork uncoupling in MMS, thereby facilitating direct restart of stalled forks by Rad5. Different mechanisms may act depending on the level of Rad53 activity in the cell when the fork encounters the lesion. For example, early in S phase before Rad53 has been activated, extensive fork progression after uncoupling may occur, requiring repriming and gap repair, whereas later in S phase after Rad53 has become fully active, fork progression may be rapidly halted after uncoupling, or uncoupling may be prevented to enable Rad5-dependent restart.
Fork uncoupling may intrinsically regulate the rate of
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Cold Spring Harbor Laboratory Press on November 3, 2017 -Published by genesdev.cshlp.org Downloaded from fork progression by modulating helicase activity. Helicase rate and processivity are stimulated by coupled polymerase activity (Dong et al. 1996; Kim et al. 1996; Yuzhakov et al. 1996; Stano et al. 2005; Hamdan et al. 2007 ). Thus, uncoupling of a blocked leading strand polymerase may enable a limited amount of continued unwinding and lagging strand synthesis, which facilitates restart, while preventing excessive formation of unreplicated gaps in the DNA. It is unclear whether Rad53 regulates fork coupling; however, Mrc1, a Rad53-activating protein that functions at replication forks appears to regulate this process, as delocalization of the replication apparatus from the site of stalled DNA synthesis occurs in HU-treated mrc1⌬ cells (Katou et al. 2003) . Interestingly, cells lacking Mrc1 exhibit significantly slower fork progression in the absence of DNA damage, consistent with the notion that fork uncoupling slows fork progression (Szyjka et al. 2005; Tourriere et al. 2005; Hodgson et al. 2007 ). Mrc1 appears to be phosphorylated by activated Rad53 (Osborn and Elledge 2003) , which may prevent uncoupling to limit ongoing replication of a heavily damaged template while providing an opportunity for repair.
The regulation of Cdc7-Dbf4 also may be a key feature of Rad53 regulation of replication restart (Fig. 7) . Rad53-dependent inhibition of late origin firing is thought to occur through phosphorylation of Dbf4, resulting in reduced Cdc7 kinase activity and dissociation from chromatin (Weinreich and Stillman 1999; Duncker et al. 2002) . However, recent studies in human cancer cells suggest Cdc7 kinase is active under replication stress conditions (Tenca et al. 2007) . A possible explanation for this apparent discrepancy is that Rad53 may inhibit Cdc7-Dbf4 activity in normal replication initiation at origins while stimulating Cdc7-Dbf4 activity in replication fork restart. Consistent with this idea, Cdc7-Dbf4 has been implicated in error-prone TLS. Cdc7 is required for induced mutagenesis by UV and MMS, and combined mutations of CDC7 and RAD5 cause synergistic increases in UV and MMS sensitivities (Njagi and Kilbey 1982; Pessoa-Brandao and Sclafani 2004) . This indicates that Rad5 and Cdc7-Dbf4-dependent TLS function in parallel and suggests that Rad53 may regulate this choice (Fig. 7) . In Schizosaccharomyces pombe, mutations in hsk1 or dfp1 (CDC7 and DBF4 homologs, respectively) cause MMS sensitivity and chromosomal instability, consistent with a role in replication fork stabilization or restart, and Cds1 (RAD53 homolog) appears to directly target Hsk1-Dfp1 for regulation (Takeda et al. 1999 (Takeda et al. , 2001 Snaith et al. 2000; Fung et al. 2002; Matsumoto et al. 2005; Sommariva et al. 2005) . Consistent with the idea that Cds1 controls the choice of replication restart pathways is the finding that cds1 deletion exacerbates induced mutagenesis resulting from a defective allele of DNA Polymerase ␣, which likely causes frequent fork stalling (Kai and Wang 2003) . Together, these findings suggest that Cdc7-Dbf4 is required for replication restart through the TLS pathway and that Rad53 modulates this activity.
Distinct and overlapping roles of Rad53 phosphatases in checkpoint regulation
In constant MMS, replication forks progress more slowly in pph3⌬ cells than in wild-type cells ( Fig. 1A ; Supplemental Fig. S1 ), implying that Pph3 dephosphorylation of Rad53 constitutively opposes Rad53 activation. Thus, the slow but continuous fork progression in wild-type cells (in MMS) likely reflects a cycle of fork stabilization by Rad53 and fork restart through Rad53 dephosphory- lation. Complete Rad53 dephosphorylation may not be required if specific hyperphosphorylated form(s) inhibit restart or if a graded response to the level of Rad53 phosphorylation occurs. The data support this idea, as replication restart appears to correlate with reduction in the level of the slowest migrating forms of Rad53 (Fig. 5B,C ). An attractive possibility for regulation of Pph3 activity may be through its targeting to replication forks (perhaps by Psy2) to dephosphorylate Rad53 only when these forks are prepared for restart, for example, after lesion bypass by Rad5.
The progression of replication forks in MMS-treated pph3⌬ cells slows but does not arrest completely ( Fig.  1A; Supplemental Fig. S1 ), indicating either that activated Rad53 does not completely block fork progression or restart or that an alternative means of Rad53 deactivation occurs in pph3⌬ cells. Consistent with the latter hypothesis, reduced levels of phosphorylated Rad53 eventually are observed in pph3⌬ cells (Fig. 5B) . We tested the involvement of PTC2, which encodes a Rad53 phosphatase previously characterized as having a role in recovery from cell cycle arrest caused by a long-lived, dsDNA break (Leroy et al. 2003) . We found that combined disruption of Pph3 and Ptc2 activity virtually eliminates replication fork restart and causes lethality after MMS-induced damage, reinforcing the conclusion that Rad53 deactivation is the key function of Pph3 in replication restart. Furthermore, we showed that direct antagonism of activated Rad53 by overexpression of Rad53-KD enables replication restart and rescues the lethality of pph3⌬ ptc2⌬ cells, which are otherwise unable to deactivate Rad53. Based on these results, we conclude that Rad53 deactivation is necessary for replication fork restart after damage-induced stalling and Rad53-dependent fork stabilization.
Pph3 and Ptc2 appear to play differential roles in Rad53 deactivation depending on the source of checkpoint activation. We find only a minor requirement for Ptc2 in dephosphorylation of Rad53 and replication restart during recovery from MMS, except in cells lacking Pph3 (Figs. 5, 6 ). Ptc2 and Pph3 interact with different domains of Rad53 and, therefore, may preferentially dephosphorylate distinct phospho-sites (Leroy et al. 2003; O'Neill et al. 2007) . Specific phospho-sites may regulate distinct aspects of Rad53 function, so the ability to deactivate specific sites with a unique phosphatase potentially allows for modulation of the checkpoint response for the specific circumstances (for review, see Heideker et al. 2007 ). Along these lines, Pph3 may prefer Rad53 phospho-sites that regulate replication fork restart after MMS damage, while Ptc2 may favor sites that regulate G2 arrest and adaptation after dsDNA break ( Fig. 5B ; Leroy et al. 2003; O'Neill et al. 2007 ). Furthermore, neither Pph3, nor Ptc2, nor Ptc3, alone or in combination, is required for viability after HU treatment, suggesting that Rad53 phospho-sites may be differentially targeted in response to different types of replication stress (Supplemental Fig. S4 ). Similar findings were reported while this paper was in revision (Travesa et al. 2008) . Obviously, determining the Rad53 phospho-site specificities of Pph3 and Ptc2 will be highly illuminating. Little is known about the regulation of these phosphatases in DNA damage responses, knowledge of which will also be crucial to understanding fully checkpoint recovery.
Conclusions
Replication forks stall at sites of DNA damage resulting in Rad53 activation, which stabilizes the stalled forks to prevent their collapse. The restart of DNA synthesis at replication forks is coupled to Rad53 deactivation through dephosphorylation. Modulation of replication fork restart (and late origin firing) provides time for repair of DNA damage, which may reduce the frequency of fork stalling events, and risk of genomic instability. Rad53's action at the fork may also direct the choice of replication restart mechanism, perhaps favoring direct fork restart pathways. Recent studies in human cells using DNA fiber analyses have yielded conflicting results on the effects of intra-S checkpoint control on replication forks (Merrick et al. 2004; Seiler et al. 2007; UnsalKacmaz et al. 2007 ). As DNA replication, DNA repair, and the related surveillance mechanisms are highly conserved among eukaryotes, our findings should provide direct insights into these vital processes in human cells.
Materials and methods
Plasmid and strain constructions
Strains are described in Supplemental Table 1 . Gene knockouts were constructed by PCR-based methods (Guldener et al. 1996; Longtine et al. 1998 ). To construct pGal-rad53-KD, the 1.6-kb BstEII-SphI fragment of RAD53 (SPK1) containing the kinaseinactivating mutations K227A and D339A was isolated from pRS316-SPK1-(K227A,D339A) (Fay et al. 1997 ) and subcloned into BstEII-SphI-digested pJA98 (Allen et al. 1994) . To construct pGal-PPH3, genomic DNA from SSy250 was amplified with a primer (containing an SphI site) upstream of the GAL promoter and a primer just downstream from an endogenous MscI site within the PPH3 gene. The PCR product was digested with SphI and MscI and ligated into pFR071 (YEplac195-PPH3; O'Neill et al. 2007 ).
Yeast methods
YEPD medium was used for all experiments, except where noted. Raffinose was present at 2% in YEP-Raffinose. Cell culturing, synchronization, DNA content analysis (FACScan), and Rad53 analysis have been described Gibson et al. 2004 ), except we used anti-Rad53 antibody at 1:1000 (Santa Cruz Biotechnology, SC6749). The in situ Rad53 kinase assay is described in Pellicioli et al. (1999) . For DNA damage recovery experiments, MMS (Sigma) was quenched by addition of sodium thiosulfate to 0.5%; cells were immediately harvested by centrifugation and resuspended as indicated in the figure legends. Budding index was determined by counting 200 cells per time point.
Viability analysis
Approximately 7.5 × 10 6 cells were removed from culture, sonicated, 10-fold serially diluted, plated onto YEPD, and incubated for 2 d at 30°C. Plates were imaged using a ChemiDoc XRS 170-8070 (Bio-Rad) and Quantity One Analysis software (BioRad). Quantification of viability was performed by duplicate platings onto YEPD of appropriate culture dilutions that result in 100-200 colonies per plate.
BrdU-IP-chip
Strains containing the BrdU-Inc construct (Viggiani and Aparicio 2006) were incubated with 800 µg/mL BrdU (Sigma) and harvested with the addition of ice-cold TBS and 0.1% NaN 3 . DNA isolation and BrdU immunoprecipitation were performed as previously described (Szyjka et al. 2005) , except that antiBrdU (GE Healthcare) was used at 1:400 and incubated overnight at 4°C. To obtain a reference "total DNA" sample, DNA was isolated from a G1-arrested culture. Amplification of immunoprecipitated and total DNA was performed as described (O'Geen et al. 2006) , except that amplified samples were subjected to Klenow extension for 4 h at 37°C in the presence of aminoallyl-dUTP (48 µM, Ambion) and dNTPs (dATP, dGTP, dCTP: 120 µM; dTTP: 72 µM). Also spiked into each amplification reaction was 0.5 µL of 10 Drosophila cDNA clones (corresponding to Drosophila oligonucleotides on the mircoarrays, see below) that span a 100-fold concentration range (1-100 pg/ µL), which produce a range of signal intensities for data normalization. Immunoprecipitated and total DNA samples were coupled with Cy5 or Cy3 dyes (GE Healthcare) for 1 h at room temperature, respectively. After purifying DNA samples using Qiaquick spin columns (Qiagen), 1 µg of total DNA and 1 µg of each immunoprecipitated sample were combined, dried in a SpeedVac (Thermo), resuspended in 10 mM EDTA, and denatured for 2 min. Prewarmed (50°C) hybridization buffer (30% formamide, 5× SSC, 0.1% SDS, 100 µg/mL salmon sperm DNA) was added to denatured samples and hybridized to prewarmed microarrays for 18 h at 50°C; one slide was used for each experimental time point. Slides were washed with gentle shaking in 1× SSC, 0.1% SDS, 1 mM DTT (prewarmed to 50°C) for 5 min, submerged several times in 0.2× SSC, 1 mM DTT (23°C), and washed two times for 3 min in 0.1× SSC, 1 mM DTT (23°C). Slides were dried by centrifugation for 45 sec in a microcentrifuge and scanned in an Axon scanner using Genepix 5.0 to capture and save the images.
Microarray design and production
Oligonucleotide probes (60 bp, T m range = 80-90°C) were designed to analyze chromosome VI (coordinates: 143,000-270,000; one probe per 270 bp) and part of the left arm of chromosome III (coordinates: 11,300-77,700; one probe per 100 bp) using OligoArray 2.1 (Rouillard et al. 2003) . Fifty oligonucleotides (five unique oligonucleotides for each of the 10 Drosophila cDNA clones described above) were similarly designed to detect the spiked-in Drosophila cDNAs for data normalization. Oligonucleotides were printed in quadruplicate on poly-lysine slides (Erie Scientific) using either a MicroGrid I BioRobotics or MGuide printer (http://cmgm.stanford.edu/pbrown/mguide). Post-processing utilized succinic anhydride as blocking reagent, as described at http://cmgm.stanford.edu/pbrown/protocols/ 3_post_process.html.
Microarray analysis
ImaGene image analysis software (http://www.biodiscovery. com/index/imagene) was used to quantify raw spot intensities, and low-level analysis of the arrays was performed using LIMMA software (Smyth 2004) , available from Bioconductor and R (R Development Core Team 2007). Local background correction was applied, and normalization was performed using the Drosophila spike-in probes on the arrays. Further details may be found in the Supplemental Material.
